Cell Staining Protocols:
NOTE #1: Gloves should be worn throughout the treatment, fixation and labeling procedures.

NOTE #2:  All steps of the protocol are carried out at room temperature unless otherwise indicated.
Making your working dilutions of the stock cytochalasin B

Your group will be provided with a 50 µM stock solution of cytochalasin B in cell culture medium to dilute with sterile medium (not with PBS!) to the concentrations you are assigned to test. The drug concentration range we will test is 0-50 µM. 

Devise a strategy for diluting the cytochalasin B stock solution to obtain your 2 assigned concentrations: either 5 and 50µM or 2 and 20(M.  You will need a total of 3 ml of the cytocholasin B concentration you are testing. Check your calculations with your instructor before proceeding. After making the dilutions, mix well. 

A. Treatment of 3T3 Fibroblast Cells with Lucifer Yellow and Cytochalasin B for Phallodin Staining of Actin 

1. Your cells have been incubating with Lucifer Yellow (0.5 mg/ml) for approximately 1 hour to allow for uptake of the dye by pinocytosis.

a. Well 1:  No Lucifer Yellow; NO cytocholasin B – negative control 

b. Well 2:  Lucifer Yellow; NO cytocholasin B – control for Lucifer Yellow

c. Well 3:  Lucifer Yellow;  concentrated cytocholasin B

d. Well 4:  Lucifer Yellow; dilute cytocholasin B

2. When your cytochalasin B dilutions are prepared, take a growth chamber slide out of the incubator. Empty the media from the chambers into the waste beaker provided. Save the Petri dish with wet filter paper for later use as a humidity chamber.      

3. Label the slide with pencil or crayon with your initials or some other identifying information. Into the 2 slide growth chamber wells closest to the frosted labeling area of both slides, aseptically add 1 ml of sterile cell culture media (no drug).  The fibroblasts in these wells will be your control cells.  

4. Into the 3rd well of each slide aseptically add 1 ml of the more concentrated cytochalasin B. 

5. Place 1 ml of the less concentrated drug into the last well of the slide.

6. Draw a diagram of the slides in your lab notebook noting the concentration of the drug in each well. 

7. After the drug or control medium has been added, place the slide back in the humidity chamber Petri dish, wet the filter paper with your squirt bottle of distilled water, put a piece of your group’s color tape on the top of the dish, and return it to the incubator at 37°C with 5% CO2 for at least 1 hour.  Be sure to record the exact amount of time that the fibroblast cells incubate with the drug.

B.  Finishing the Rhodamine-phalloidin Staining of Actin Filaments

1. At the end of the drug incubation period, discard the media from the slide growth chamber into the waste beaker near the sink. 

2. Remove and carefully rinse the chamber divider in distilled water. Set it aside for later use. (Your instructor will help you with this step.)

3. At your bench, make sure your slide label is still clear and visible. If not, use a graphite pencil or waxed crayon only to improve it. Place the slide in a Coplin jar filled with PBS for 3 minutes.  Move the slide into another jar containing fresh PBS for a second 3-minute wash. Repeat 2 more times for a total of 4 fresh PBS washes.

4. Wearing gloves, remove the slide from the PBS and place it in a Coplin jar in the hood containing 3.7% formaldehyde in PBS for 10 minutes to fix the cells.

5. Using forceps, remove the slide from the formaldehyde and wash in a Coplin jar of fresh PBS for 3 minutes, repeat two more times for a total of 3 x 3- minute washes. The washing (and the rest of the procedure) may be done at your bench.

6. Remove the slide from the PBS. Touch the edge to a paper towel to drain excess buffer and place it in cold acetone in the -20° C freezer for 3 minutes to make the cells more permeable.

7. Remove the slide from the acetone, air dry briefly (30 seconds - 1 minute). Place the slide in fresh PBS for 3 minutes. Repeat the washing 2 more times with PBS for a total of 3 x 3 minute washes. Drain excess PBS off the slides by touching the edge to a paper towel before proceeding to the labeling procedure.

8. Place the slide into your humidity chamber and moisten the filter paper if necessary.  Place the chamber divider back onto your slide in the original position so that the 4 numbered areas are separated.

9. Obtain the Rhodamine phalloidin (0.5 µg/ml) from your instructor. Gloves must be worn when handling phalloidin since it is a toxin. 

10. Using a micropipet, pipet 100 microliters of 1% BSA in PBS into one of the wells containing untreated fibroblast cells. These cells will serve as the negative control for the experiment.  Pipet 100 microliters of rhodamine phalloidin onto each of the remaining three wells.  Be sure to record which wells contain your control and which contain the probe.  Cover the humidity chamber with the top of the petri dish, place foil over the chamber to block out all light, and incubate for 20-25 minutes. Do not move the slide or the chamber during the incubation period.

11. Remove slide from the humidity chamber and remove the chamber divider but save the divider.  Immediately wash the slide by placing it in a Coplin jar of fresh PBS for 3 minutes and repeat three more times for a total of 4 washes. Rinse your chamber divider in PBS and place it on a paper towel to save it.

12. Drain excess PBS off the slide by touching the side of the slide to a paper towel.

Place 1-2 drops of mounting medium with DAPI (1.5 µg/ml) on each well of the slide. Cover with a long coverslip. Seal around the coverslip with clear nail polish to make sure it doesn’t move and the slide doesn’t dry out. 

13. Place the labeled slide into a cardboard slide holder. The mounting medium should preserve the fluorescence for approximately two weeks. Your instructor will store the class slides in the refrigerator until the next lab period. 
